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Abstract 

Background The main application of cork is the production of stoppers for wine bottles. Cork sometimes contains 
2,4,6-trichloroanisole, a compound that, at a concentration of ng/L, produces an unpleasant musty odor that destroys 
the organoleptic properties of wine and results in enormous economic losses for wineries and cork industries. Cork 
can exhibit a defect known as yellow stain, which is associated with high levels of 2,4,6-trichloroanisole. We describe 
how the microbiota of cork and yellow stain define a novel mechanism that explains the formation of chlorophenols 
and chloroanisoles (including 2,4,6-trichloroanisole) from p-hydroxybenzoate produced during lignin and/or suberin 
breakdown.

Results Electron microscopy revealed that cork affected by yellow stain exhibited significant structural degrada-
tion. This deterioration was attributed to the presence of higher microbial populations compared to those found 
in standard cork. Cork microbiota is rich in filamentous fungi able to metabolize lignin. A metataxonomic analysis 
confirmed that yellow stain contained significantly greater populations of fungal species belonging to Absidia, Geo-
myces, Mortierella, Mucor, Penicillium, Pseudogymnoascus, Talaromyces, and Umbelopsis. It also contained significantly 
greater amounts of bacteria belonging to Enterobacterales, Streptosporangiales, Tepidisphaerales, Pseudomonas, 
and several members of Burkholderiaceae, particularly species of the Burkholderia-Caballeronia-Paraburkholderia 
group. The extraction of aromatic compounds from cork samples allowed the identification of several compounds 
typically observed following lignin depolymerization. Notably, p-hydroxybenzoic acid and phenol were detected. Two 
strains of the genus Streptomyces isolated from yellow stain were able to biotransform p-hydroxybenzoate into phe-
nol in resting cell assays. Phenol could be efficiently chlorinated in vitro to produce 2,4,6-trichlorophenol by a fungal 
chloroperoxidase, an enzymatic activity commonly found in filamentous fungi isolated from cork. Finally, as has been 
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widely demonstrated before, 2,4,6-trichlorophenol can be efficiently O-methylated to 2,4,6-trichloroanisole by many 
of fungi that inhabit cork.

Conclusions Chlorophenols and chloroanisoles can be produced de novo in cork from p-hydroxybenzoate gener-
ated by the microbial biodegradation of lignin and/or suberin through the participation of different types of micro-
organisms present in cork. The natural origin of these compounds, which are of great interest for the chlorine 
cycle and represent a new source of environmental contamination that differs from that caused by human activity, 
is described.

Keywords Cork, Microbiome, Yellow stain, Lignin, Suberin, Chlorophenols, Chloroanisoles, 2,4,6-Trichloroanisole, 
Fungi, Bacteria

Background
Cork, a renewable and biodegradable biopolymer of veg-
etable origin, is derived from the bark of the cork oak 
(Quercus suber L.), which is typically harvested every 
9–12 years [1]. The primary application of cork is the pro-
duction of stoppers for wine bottles, particularly for high-
quality wines. This preference is due to cork’s notable 
properties, including its stability, non-toxicity, low per-
meability to liquids and gases, and remarkable mechani-
cal elasticity [2, 3]. According to Pereira [4], the chemical 
composition of cork consists mainly of suberin (42.8%) 
and lignin (22.0%). Additionally, minor components 
include polysaccharides and other extractable chemi-
cal compounds (16.0%). These extractable compounds 
encompass a diverse array of nonpolar substances, such 
as long-chain lipids and triterpenes, as well as polar com-
pounds, primarily low- and high-molecular-weight phe-
nolic compounds, which constitute the majority of the 
potentially soluble compounds in cork. Lignin is a com-
plex 3-dimensional heterogeneous biopolymer formed by 
the radical polymerization of three monolignols, includ-
ing p-coumaryl, coniferyl, and sinapyl alcohols [5]. The 
microbial depolymerization of lignin generates a diverse 
array of phenolic compounds, including syringyl, guaia-
cyl, and p-hydroxyphenyl units. These compounds can 
undergo microbial degradation to yield syringate, vanil-
late, and p-hydroxybenzoate, respectively [6]. Addition-
ally, this process also produces other compounds such 
as benzoic acid, benzaldehyde, cinnamic acid, acetophe-
none, and various phenol derivatives (among others) [7, 
8]. Suberin is a cell wall polymer described as a polyes-
ter of predominantly aliphatic monomers (different types 
of fatty acids esterified with glycerol), phenolic-derived 
compounds (mainly hydroxycinnamic ferulic acid and 
tyramine), and glycerol [9, 10]. Suberin depolymerization, 
through various ester cleavage techniques, results in a 
mixture of insoluble polyaromatic compounds, cosoluble 
phenolic compounds, and aliphatic suberin monomers 
[11]. Among the soluble phenolics detected, hydroxycin-
namic ferulic acid consistently appears in relatively high 
quantities, whereas tyramine is present in relatively low 

amounts [12]. Consequently, the microbial degradation 
of lignin and suberin generates a diverse array of simple 
aromatic compounds.

Occasionally, cork can develop a defect, or yellowish 
stain, known as yellow stain (YS) or yellow spot (Fig. 1). 
YS predominantly develops on the back of the cork bark, 
particularly in areas where the bark contacts the ground, 
and may also cause discoloration of the adjacent cork tis-
sue [13]. Scanning electron microscopy (SEM) studies of 
healthy, or standard cork (SC), and cork affected by YS 
have revealed distinct differences in cellular structures. 
The tissues impacted by YS exhibited deformed, wrinkled 

Fig. 1 Yellow stain (YS) spots (indicated by arrows) located 
under the bark of a cork plank
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cells with cell wall separation at the middle lamella level 
[14]. These changes were related to the degradation of 
lignin and pectin, as evidenced by the deposition of cal-
cium in the intercellular space of the attacked cells [14]. 
Comparative chemical studies have demonstrated that 
cork affected by YS undergoes degradation of the phe-
nolic matrix, resulting in discoloration [15] and higher 
levels of 2,4,6-trichloroanisole (2,4,6-TCA) [1, 16]. This 
is particularly significant because 2,4,6-TCA contamina-
tion in cork stoppers can migrate into wine, producing an 
unpleasant off-odor characterized by moldy, musty, and 
earthy aromas. These odors can mask the natural wine 
aromas and compromise its organoleptic properties, a 
defect commonly referred to as “cork taint” [17–19]. The 
issue of 2,4,6-TCA taint poses a substantial problem for 
the cork and wine industries, resulting in annual losses 
exceeding 10 billion dollars [20]. It is now widely accepted 
that the majority of 2,4,6-TCA contamination in cork 
arises from an O-methylation reaction of the pesticide 
(fungicide) 2,4,6-trichlorophenol (2,4,6-TCP), carried 
out by various microbial species, predominantly filamen-
tous fungi inhabiting cork [17, 21, 22]. This reaction is 
catalyzed by an inducible chlorophenol-O-methyltrans-
ferase (CPOMT), which has been characterized from a 
Trichoderma longibrachiatum strain isolated from cork, 
although proteins with high homology have been found 
in many other fungal species [23, 24]. From a physiologi-
cal perspective, this reaction is crucial for microorgan-
isms as it converts the highly toxic pesticide 2,4,6-TCP 
into the nontoxic compound 2,4,6-TCA, thereby enabling 
their survival [17]. Chlorophenols (CPs), notably 2,4,6-
TCP and pentachlorophenol (PCP), have been exten-
sively employed for decades as fungicides, primarily as 
wood preservatives, as well as herbicides and defoliants 
on a global scale. Consequently, CPs are now prevalent 
contaminants in various ecosystems, including surface 
and groundwater, bottom sediments, atmospheric air, 
and soil [25, 26]. As a result, they have been recognized 
as significant pollutants in countries such as the United 
States and China [27, 28]. Chloroanisoles (CAs) are pro-
duced through O-methylation reactions from their pre-
cursors, the chlorophenolic pesticides. Consequently, 
CAs have become prevalent contaminants across various 
ecosystems, including bottom sediments [29]; surface 
and groundwater [30, 31]; atmospheric air and soils [32, 
33]; vegetable materials, such as the bark of the cork-oak 
in Mediterranean forests [34]; and even as indoor pollut-
ants in Swedish houses [35]. Thus, it is currently assumed 
that cork bark can gradually adsorb 2,4,6-TCP from the 
environment (via the atmosphere, soil, or rain). This 
compound is subsequently detoxified by the numerous 
filamentous fungi inhabiting the bark, converting it into 

the nontoxic 2,4,6-TCA, which remains strongly bound 
to the lipid matrix of suberin due to its lipophilic nature.

However, certain indications might suggest the exist-
ence of alternative mechanisms for the production of 
2,4,6-TCA on cork, beyond the previously mentioned 
mechanism. These indications include the presence of 
relatively high levels of 2,4,6-TCA in cork affected by YS. 
Notably, wines with a pronounced “cork taint” character 
were first described in 1904 [36], many years before the 
industrial production of the first chlorophenolic pesti-
cides. The industrial production of the first CPs began 
in 1936 with the commercial use of PCP as an antiseptic 
[37].

Also, we should mention that once removed from the 
tree, cork slabs are, in most cases, immediately trans-
ported to the cork factories where they are stored until 
further processing. Next, the cork slabs are boiled for 
approximately 1  h to soften them and facilitate the 
mechanical extraction of the corks. After boiling, the 
slabs are left to stand in piles for 1–3  weeks to flat-
ten. Once the water content is optimal, the slabs are 
processed into cork stoppers. During this period of 
1–3 weeks, fungi rapidly proliferate on the slabs, leading 
to an increase in 2,4,6-TCA levels, even in the absence 
of exogenous 2,4,6-TCP contamination [15], as is well 
known in all cork factories. These observations have led 
some researchers to hypothesize that 2,4,6-TCA could 
be formed from phenol, which could be endogenously 
synthesized from glucose via the pentose phosphate 
and shikimic acid pathways. Subsequently, phenol may 
undergo extracellular chlorination mediated by chlorine-
containing agents, resulting in the production of various 
CPs, including 2,4,6-TCP [38]. However, this mechanism 
is highly unlikely because, to the best of our knowledge, 
microbial phenol formation from shikimic acid has not 
been documented. Additionally, the use of hypochlorite 
as a cork bleaching agent was banned around 1990 and 
has since been completely abandoned by all cork stopper 
producers [19].

Finally, many different studies have extensively char-
acterized the microbial populations present on cork 
throughout various stages of the production process [17, 
21, 22, 39–41], to mention the most recent. However, 
investigations into the microbial populations associated 
with the YS have been limited. This gap was addressed by 
Veloso and colleagues [42], who identified a significant 
correlation between the genus Trichoderma, specifically a 
strain of Trichoderma atrobrunneum, and elevated levels 
of 2,4,6-TCA in the YS.

This study focuses on the characterization of bacterial 
and fungal populations associated with standard cork 
(SC) and cork affected by the YS using a metataxonomic 
approach. A metabolomic approach was employed to 
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detect aromatic compounds associated with cork, while 
classical microbiological techniques were utilized to iso-
late various fungal and bacterial strains to analyze their 
potential involvement in lignin degradation and aromatic 
compounds metabolism. Our research has identified a 
novel “natural” process that elucidates the biosynthesis of 
CPs and CAs from aromatic substrates generated during 
the microbial biodegradation of lignin and/or suberin in 
cork affected by the YS.

Methods
Cork sampling and isolation of microorganisms
Cork samples (planks of approximately 20 × 20  cm) 
were taken from five different trees in a forest located 
near the village of Cassá de la Selva (Gerona, Spain) 
(41°53′50.7″N 2°53′24.0″E). The samples were taken 
from the area where the trunk touches the ground and 
where the presence of the YS is most common. The sam-
ples were visually inspected to confirm the presence or 
absence of YS. The cork samples were placed in sterile 
plastic bags and transported cold (4 °C) to the laboratory, 
where they were stored at the same temperature until 
processing.

Filamentous fungi were isolated from 1-g samples of 
standard cork (SC) or YS. The cork was cut into small 
fragments via a sterile scalpel and placed in a 50-mL 
Falcon tube containing 10  mL of sterile saline solution 
(NaCl  0.9%). The samples were vortexed for 2  min and 
then incubated at room temperature (RT) in a rotary 
incubator for up to 2  h. To isolate filamentous fungi, 
tenfold dilutions were spread on the surface of rose ben-
gal chloramphenicol (RB) agar (Condalab, Torrejón de 
Ardoz, Spain), potato dextrose (PDA) agar (Merck KGaA, 
Darmstadt, Germany), and malt extract (MEA) agar 
(Condalab). The last two media were supplemented with 
chloramphenicol (150 µg/mL) to inhibit bacterial growth.

Plates were incubated at 25  °C in the dark for up to 
10  days. For the isolation of aerobic mesophilic bacte-
ria, tenfold serial dilutions were plated on agar plates of 
plate count agar (PCA) (Merck KGaA) and incubated at 
30  °C for up to 7  days. Actinobacteria were isolated on 
starch casein agar (SCA) plates [43] incubated at 28  °C 
for up to 14  days. Sporulated bacilli were isolated from 
cork samples heated at 80 °C for 30 min and then spread 
on PCA plates and incubated at 30 °C for 5 days. Entero-
bacteriaceae were isolated by plating on McConkey agar 
(Condalab) plates and incubated at 30 °C for up to 5 days. 
All media used for bacterial isolation were supplemented 
with pimaricin (100  µg/mL) to prevent fungal growth. 
Microorganisms with the ability to metabolize vanil-
lic acid were selected on plates of agar minimal medium 

containing vanillic acid and bromothymol blue as previ-
ously described [39].

Scanning electron microscopy (SEM) and transmission 
electron microscopy (TEM)
Cork samples for SEM were cut with a razor blade, and 
small blocks were fixed with 2% glutaraldehyde in 0.1-M 
phosphate buffer (pH 7.4) for 12  h at 4  °C. The sam-
ples were washed in buffer and postfixed in 1% osmium 
tetroxide solution in 0.1-M phosphate buffer (pH 7.4) for 
2 h in the dark. The samples were dehydrated in graded 
ethanol solutions (30%, 50%, 70%, 90%, 3 × 96%, and 
3 × 100%, each for 8  h). They were dried in a critical-
point drying apparatus (CPD300, Leica, Wien, Austria) 
with liquid  CO2, mounted on aluminum stubs with con-
ductive carbon tape, and sputter-coated with gold palla-
dium (ACE200, Leica, Wien, Austria). The samples were 
observed under a JEOL JSM-6840LV scanning electron 
microscope (JEOL, Tokyo, Japan) at 20 kV.

For TEM analysis, samples (cork blocks of 1  mm3) 
were fixed with 2% glutaraldehyde in 0.1-M phosphate 
buffer (pH 7.4) for 24  h at 4  °C and rinsed with this 
buffer. The samples were then postfixed with a buffered 
osmium tetroxide solution (1%) for 3  h at room tem-
perature and washed in buffer again. The samples were 
dehydrated through a graded series of ethanol solu-
tions (30%, 50%, 70%, 90%, 3 × 96%, and 3 × 100%, each 
for 8 h). The samples were then embedded in Epon 812 
resin (Polysciences, Eppelheim, Germany) for several 
days, after which the resin was polymerized at 60 °C for 
24 h. The samples were trimmed, and ultrathin sections 
were obtained and stained with toluidine blue (0.5% in an 
aqueous solution). The ultrathin sections were mounted 
on 200-mesh grids and contrasted with UranyLess and 
lead citrate (EMS, Hatfield, USA). Finally, the ultrathin 
sections were observed with a JEOL 1010 electron micro-
scope (JEOL, Tokyo, Japan) operating at 80 kV.

Molecular identification of microorganisms isolated 
from cork
Total genomic DNA from the isolates was extracted via 
PrepMan™ Ultra Sample Preparation Reagent (Applied 
Biosystems, Carlsbad, CA, USA) according to the manu-
facturer’s instructions. Fungal isolates were identified to the 
genus level by sequencing their internal transcribed spacer 
1 (ITS1)−5.8 S-ITS2 regions via the ITS1 and ITS4 primers 
[44]. On the other hand, bacterial isolates were identified 
via partial sequencing of a region of the 16S rRNA gene via 
primers 27F and 1492R [45], and contigs were generated 
from both sequences via BioEdit (v.7.2) [46]. Isolates were 
identified via sequence comparison via BLASTn (NCBI 
GenBank database) (http:// www. ncbi. nlm. nih. gov/ BLAST). 

http://www.ncbi.nlm.nih.gov/BLAST
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Identification was considered if the sequence had an iden-
tity ≥ 98% and a query coverage ≥ 90%.

DNA extraction from cork samples and sequencing 
for metataxonomic analysis
Approximately, 1 g of cork was collected from each sam-
ple as described above and cut into small fragments of 
1–2 mm in average size via a sterile scalpel. These sam-
ples were then crushed in a mortar in the presence of 
liquid nitrogen to obtain a powder. Total genomic DNA 
was then isolated from 500  mg of cork powder via the 
NZYSoil gDNA Isolation Kit (NZYTech, Lisbon, Portu-
gal) according to the manufacturer’s instructions. The 
concentration of the purified DNA was measured via a 
Qubit fluorometer (Thermo Fisher Scientific, Waltham, 
MA, USA) before being sent to FISABIO (Valencia, 
Spain) for sequencing.

DNA samples from both fungal and bacterial popula-
tions were amplified via primers designed around con-
served regions. For fungi, PCR amplification targeted 
the ITS2 region within the fungal nuclear ribosomal 
DNA (rDNA) via the primers ITS3_KYO2 and ITS4 [47], 
whereas for bacteria, the V4 region of the 16S rRNA gene 
was targeted via the primers 515F and 806R [48]. DNA 
amplicon libraries were generated via the following PCR 
cycle: initial denaturation at 95 °C for 3 min, followed by 
28 cycles of annealing (95 °C for 30 s, 55 °C for 30 s, and 
72  °C for 30 s) and a final extension at 72  °C for 5 min, 
with KAPA HiFi HotStart ReadyMix (Roche, Indian-
apolis, IN, USA). Illumina sequencing adapters and dual 
index barcodes (Nextera XT index kit v2, FC-131–2001) 
were then added to the amplicons. Libraries were nor-
malized and pooled prior to sequencing. The pool of 
indexed amplicons was loaded onto the MiSeq Reagent 
Cartridge v3 (MS-102–3003) spiked with 25% PhiX con-
trol to enhance base calling during sequencing, as recom-
mended by Illumina for amplicon sequencing.

Data analysis of the high‑throughput amplification assay
Forward and reverse reads obtained from the Illumina 
sequencing platform were subjected to quality analysis 
via the fastp program [49] with a minimum read length 
of 50, a minimum trim quality average of 20, and a win-
dow size of 10 bp. DNA amplicons from both fungal and 
bacterial populations were then processed to infer the 
amplicon sequence variants (ASVs) present in each cork 
sample via the DADA2 package [50]. ASVs, as opposed to 
operational taxonomic units (OTUs), which are defined 
at fixed thresholds, provide a more accurate, consist-
ent, and reproducible representation of the amplicon 
sequence community [51]. For raw ITS rRNA reads, the 
first step involved trimming the adapter sequences and 
removing primer residues via cutadapt [52]. The reads 

were then filtered via DADA2 on the basis of the rec-
ommended criteria, which included removing uncalled 
bases, allowing a maximum of 2 expected errors, and 
truncating reads with a quality score of 2 or less. Taxo-
nomic classification of the ITS rRNA sequences was 
then performed via the UNITE database v18.11.2018 
[53]. Similarly, for the raw 16S rRNA reads, filtering 
procedures were applied prior to taxonomic assignment 
against the SILVA database v.138.1 [54] via DADA2-for-
matted training files for taxonomy. Furthermore, ASVs 
with a frequency of fewer than 10 reads in all samples 
were excluded from both datasets to minimize potential 
noise and increase the reliability of subsequent analyses.

Microbial diversity, taxonomy distribution, and statistical 
analysis
The α-diversity of the inferred ASVs was assessed via 
the Chao1, Shannon, and Gini‒Simpson indices, which 
were calculated via the phyloseq package (v.1.48.0) [55]. 
Pielou’s evenness index [56] was also calculated. Wil-
coxon rank-sum tests were performed to assess sig-
nificant differences between diversity indices, with a 
significance level of 0.05. β-diversity was examined via a 
PERMANOVA nonparametric test [57] with 9999 per-
mutations to determine whether community composi-
tion varied between experimental conditions. Principal 
coordinate analysis (PCoA) based on Bray‒Curtis dis-
similarity was used to assess the structural relationships 
of microbial communities between samples. These analy-
ses were performed via the phyloseq v.1.48.0 and Vegan 
v.2.6–6.1 packages [55, 58]. To account for potential bias 
and to normalize sample data, negative binomial distri-
bution normalization was implemented in the DESeq2 
package (v.1.44.0) [59]. Pairwise differential abundance 
analysis was then performed on count data, using a sig-
nificance level of 0.01. p-values were adjusted via the false 
discovery rate (FDR) method [60]. In addition, Wilcoxon 
signed-rank tests were performed to assess significant 
differences between the relative abundances of the taxa 
found, with a significance level of 0.05. All the statistical 
analyses were performed in R (v. 4.3.3) [61] via RStudio 
(v. 2023.03.0).

Extraction and analysis of phenolic compounds from cork
Ten grams of each of the five cork samples were 
crushed and ground at room temperature to a parti-
cle size < 200  µm via a ZM 200 ultracentrifugation mill 
(Retsch, Haan, Germany). For the extraction procedure, 
2.4 g of cork powder from each sample was weighed and 
placed in a Pyrex bottle, to which 100 mL of 12% hydroal-
coholic solution (adjusted to pH 12 with NaOH) was 
added. The mixture was macerated for 24 h at room tem-
perature in a linear shaker with gentle stirring (300 rpm). 
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The sample was then centrifuged at 4500 rpm at 8 °C for 
10  min, the supernatant was filtered with filter paper 
(Scharlab, Sentmenat, Spain), and the pH was adjusted to 
5.6 with a 0.37% HCl solution. The extract was percolated 
through 100  mg of Bond Elut ENV cartridges (Agilent 
Technologies, Santa Clara, CA, USA), which were previ-
ously conditioned by passing 4  mL of dichloromethane, 
followed by the addition of 4 mL of methanol and 4 mL 
of Milli-Q water. The cartridges were then dried under 
vacuum and eluted with 4  mL of ethanol. The extracts 
were dried under a nitrogen stream and redissolved in 
300 µL of ethanol.

Seven microliters of each extract was injected into a 
UHPLC (ESI)-TIMS-QTOF-MS from Bruker Daltonics 
(Billerica, MA,  USA) using an ACQUITY UPLC BEH 
C18 column (100 × 2.1, 1.7  µm) from Waters (Milford, 
MA, USA), which was held at 35 °C during the analysis, 
whereas the samples were kept at 8  °C throughout the 
analysis. The flow rate was 0.3  mL/min, and the mobile 
phases used were Milli-Q water (A) and acetonitrile (B) 
with 0.1% formic acid. The gradient used was as follows: 
0–3.5  min, 95% mobile phase A isocratic; 3.5–8.7  min, 
95–55% A; 8.7–11.3  min, 55–35% A; 11.3–13.4  min, 
35–10% A; and 13.4–18.4 min, 10% A isocratic.

The samples were analyzed in negative ESI mode over 
a mass range of 20–1300 amu. The source parameters 
were as follows: capillary, 3  kV; end plate offset, 500  V; 
nebulizer, 4  bar; dry gas (nitrogen), 8 L/min; and dry-
ing temperature, 200  °C. All samples were analyzed in 
MS mode with a scan duration of 0.3 s in centroid mode, 
and tandem mass spectrometry (MS/MS) was carried 
out with a mixture of all samples (10 µL of each extract 
was mixed before the analysis) in Auto MS/MS mode 
and with a scheduled precursor list for some selected 
molecular ions using collision energies ranging from 
20 to 50 eV. Chromatograms were processed via Bruker 
MetaboScape 2023b software. Parameters used for align-
ment and peak picking were performed in default mode 
by MetaboScape. It has only extracted the features which 
appeared in, at least, the half of the samples. The intensity 
threshold was 1000 counts, and the mass range from 90 
to 600 m/z. The first minute and the last 5 min of the run 
were excluded from data processing.

Screening of filamentous fungi for detection 
of lignin‑degrading capabilities
To test lignin-utilizing and/or lignin-degrading capa-
bilities, the isolated fungal strains were cultured on 
plates containing Highley’s minimal medium (HMM) 
supplemented with 5  g/L Kraft lignin (Sigma‒Aldrich, 
Saint Louis, MO, USA) as the sole carbon source [62]. 
The isolates were cultured at 25  °C in the dark for up 
to 14  days, and growth was recorded on days 7 and 14 

post-inoculation. The screening process also included 
the use of decolorizing dyes, which change color due to 
the production of lignin-degrading enzymes. The decol-
orizing dyes used were 2,2-azino-bis (3-ethylbenzothial-
ine-6-sulfonic acid) (ABTS), reactive black 5 (RB5), and 
Remazol Brilliant Blue R (RBBR). ABTS is a nonphenolic 
dye that is oxidized by laccases to form a more stable 
cationic radical, resulting in a blue‒green color that cor-
relates with enzyme activity [63]. Decoloration of both 
RBBR and RB5 is a result of the production of peroxi-
dases such as lignin peroxidase (LiP), manganese peroxi-
dase (MnP), or versatile peroxidase (VP) [64, 65]. To test 
the ligninolytic enzyme production of the fungal isolates, 
they were cultured on HMM agar plates supplemented 
with 0.2% glucose as the carbon source and decolor-
izing dyes consisting of 2-mM ABTS, 50  mg/L RB5, or 
200  mg/L RBBR. The dyes were filtered through a 0.2-
μm filter for sterilization and added to the agar medium. 
The plates were incubated at 25 °C in the dark for up to 
14  days, and decolorization was recorded at 3, 7, and 
14 days after inoculation.

Detection of chloroperoxidase (CPO) activity in fungal 
liquid cultures
Fungal strains were grown for 72–96  h at 25  °C on an 
orbital shaker (200  rpm) in 500-mL Erlenmeyer flasks 
containing 100  mL of CFM liquid medium [66]. The 
flasks were inoculated with 10 agar plugs (9  mm in 
diameter) from a fungal culture previously grown on 
PDA plates. CPO activity was tested by using a phe-
nol red-based colorimetric assay [66]. Briefly, 700 μL of 
each culture was mixed with an equal volume of a reac-
tion mixture containing 0.008% (w/v) phenol red added 
from a 0.2% stock mixture in 95% ethanol, 0.3-M potas-
sium phosphate buffer (pH 7.0), and 0.05-M sodium 
chloride. Reactions were initiated by the addition of 10 
μL of freshly prepared 0.3% (v/v) hydrogen peroxide and 
incubated at 25  °C for 1  h. Negative controls were per-
formed in parallel by omitting hydrogen peroxide. All the 
samples were subsequently centrifuged at 12,000 rpm for 
10 min to remove fungal mycelium. CPO activity in the 
supernatants was determined spectrophotometrically at 
595  nm relative to a reaction mixture containing CFM 
liquid medium.

In silico analysis of CPO taxonomic distribution
To analyze the taxonomic distribution of CPO enzymes 
in fungal and bacterial taxa, a comprehensive search 
of the UniProt database (https:// www. unipr ot. org/) 
was performed in July 2024. The search was performed 
via the terms “heme haloperoxidase” and “chlorop-
eroxidase” for heme-dependent CPO and “vanadium 
haloperoxidase” and “vanadium chloroperoxidase” for 

https://www.uniprot.org/
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vanadium-dependent CPO, with queries restricted to 
the fungal and bacterial kingdoms. Detailed annota-
tions, including functional descriptions and taxonomic 
information, were extracted for each protein. This 
included compiling organism names, taxonomic identi-
fiers, and their classification within fungal and bacterial 
phyla. The data were then analyzed to determine the 
distribution of CPOs across different fungal and bacte-
rial groups.

Bioconversion of p‑hydroxybenzoate to phenol in resting 
cell systems
The two strains of the genus Streptomyces were grown 
in 500-mL Erlenmeyer flasks containing 100  mL of 
ISP2 medium [67] for 72 h at 28 °C and 200 rpm in an 
orbital shaker. The flasks were inoculated with 10 agar 
plugs (9-mm diameter) of the bacterial strains grow-
ing on TBO (tomato paste–oatmeal agar) plates [68]. 
The cells were recovered via centrifugation under ster-
ile conditions and washed twice at RT with 50  mL of 
0.9% NaCl. The cells were then resuspended in 10  mL 
of 25-mM phosphate buffer (pH 7.0) containing 12-mM 
p-hydroxybenzoate (Thermo Fisher Scientific). The 
resting cells (1  mL) were incubated with agitation 
(300 rpm) at 30 °C in a Thermomixer Compact (Eppen-
dorf SE, Hamburg, Germany) for up to 24 h. The reac-
tions were stopped by adding 1  mL of methanol and 
10 μL of formic acid to acidify the samples. After cen-
trifugation at 10,000 rpm for 30 min, the culture super-
natants were analyzed by high-performance liquid 
chromatography (HPLC).

The samples for HPLC analyses were filtered through 
0.45-μm pore Corning® Costar® Spin-X® centrifuge tube 
filters (Merck KGaA, Darmstadt, Germany) and stored 
at − 20  °C until analysis. The samples were injected (10 
μL) and separated on a LiChospher RP18 analytical col-
umn (40 × 250  mm; 5  μm) (Teknokroma, San Cugat 
del Vallés, Spain) with acetonitrile–water-formic acid 
(20:80:1) as the mobile phase at a flow rate of 1 mL/min. 
Peaks were detected at 275 nm via an Agilent 1200 Series 
Gradient HPLC System (Agilent Technologies) equipped 
with a quaternary pump delivery system (G1311A), a 
preparative autosampler (G1329A), a diode array mul-
tiwavelength detector (G7115A), and an analytical frac-
tion collector (G1364F) equipped with an autosampler 
thermostat (G1330B). Phenol (Across Organics, Monter-
rey, Mexico) was identified from the retention time and 
the UV‒VIS spectra of the corresponding commercial 
standard compounds. Quantification was performed 
by determining the peak areas and interpolating them 
from standard curves obtained from commercial phenol 

dissolved in methanol at concentrations ranging from 
10 mg/mL to 10 μg/mL.

In vitro reactions with CPO by using phenolic compounds 
as substrates
To analyze the ability of CPO to form CAs and CPs, a 
reaction assay was performed according to Wang and 
colleagues [69] with slight modifications. The reaction 
was carried out in 100-mM phosphate buffer (pH 3.0) 
containing 1-mM NaCl, the substrates (250  μg/mL), 
and 5-mM  H2O2 in a total reaction volume of 0.5  mL. 
Next, 1 μL of commercial CPO solution from Caldaro-
myces fumago with an enzymatic activity of 3000 units/
mL (Sigma‒Aldrich) was added to start the reaction. Two 
types of controls (without the addition of CPO or  H2O2) 
were also used for each substrate. The reactions were 
incubated for 1  h at 25  °C in the dark at 600  rpm, and 
0.5 mL of methanol was immediately added to the mix-
tures to stop the reaction. The samples were then filtered 
and analyzed via HPLC as described above. In this case, 
the gradient mobile phase consisted of acetonitrile (A) 
and  H2O containing 0.1% formic acid (B) at a flow rate 
of 1 mL/min, with an elution gradient consisting of 30% 
mobile phase A for the first 5 min, then a linear increase 
to 100% mobile phase A over 40  min, then a return to 
30% mobile phase A in 1  min, and finally holding 30% 
mobile phase A for 5 min for re-equilibration. The sub-
strates employed in such reactions were anisole, phenol, 
and various other CPs and CAs, namely, 2-chloroani-
sole (2-CA), 4-chloroanisole (4-CA), 2,4-dichloroanisole 
(2,4-DCA), 2,6-dichloroanisole (2,6-DCA), 2-chlorophe-
nol (2-CP), 4-chlorophenol (4-CP), 2,4-dichlorophenol 
(2,4-DCP), and 2,6-dichlorophenol (2,6-DCP). In addi-
tion, 2,4,6-TCA, 2,4,6-TCP, 2,3,5,6-tetrachloroanisole 
(TeCA), 2,3,5,6-tetrachlorophenol (TeCP), pentachlo-
roanisole, and pentachlorophenol (PCP) were also used 
as standards to measure the compounds formed during 
the reactions. All chemical compounds were purchased 
from Sigma‒Aldrich, except 2,3,5,6-TeCP (Merck), pen-
tachloroanisole, and PCP (Chem Service Inc., West 
Chester, PA, USA). The products formed were identified 
according to their retention time and UV‒VIS spectrum 
by comparison with those of the corresponding standard 
commercial compounds. Quantification was carried out 
by determining the peak areas and interpolating them 
from standard curves obtained from commercial com-
pounds dissolved in methanol at concentrations ranging 
from 10 mg/mL to 10 μg/mL.
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Results
Loss of the typical cellular structure of cork affected 
by yellow stain (observed via SEM and TEM)
SEM analysis of standard cork (SC) revealed a regu-
lar structure characterized by closed, prismatic cells, 
predominantly rectangular, arranged in a typical “hon-
eycomb” pattern as previously reported [14] (Fig.  2a). 
Higher magnification observations disclosed the pres-
ence of microorganisms colonizing the cork within the 
cells (Fig. 2b).

Macroscopically, visual inspection of cork affected by 
the YS revealed pale yellow spots located immediately 
below the bark (Fig.  1). SEM observations at the cellu-
lar level indicated significant differences compared to 
standard cork. The YS-affected cork exhibited extensive 
structural damage, particularly evident on the left side of 
Fig. 2c, where cells appeared wrinkled and prone to col-
lapse, disrupting the typical ordered cell structure seen 
in standard cork (right side of Fig. 2c). Additionally, the 
YS cork showed extensive microbial colonization, with 
a notable presence of filamentous fungi (Fig.  2d, e, f ). 
The observation presented in Fig. 2d suggests that these 
microorganisms are capable of degrading the cork struc-
ture as they progress in their colonization. This results 
in the complete destruction of the typical cellular struc-
ture, as seen on the left side of Fig. 2d. In the vicinity of 
the advance zone, marked by the black dashed line, and 
extending to the right, the cells begin to collapse and 
wrinkle, as depicted on the right side of Fig. 2d.

A more detailed examination of the cell wall structure 
of phellem (cork) cells was conducted using TEM (Fig. 3). 

Consistent with previous reports [70], the cell wall of 
suberized cork cells comprises four successive layers 
(Fig. 3a): the middle lamella, a very thin lignin-rich pri-
mary cell wall, a thick and highly suberized secondary 
cell wall, and a tertiary cell wall. Thin channels, approxi-
mately 50  nm in diameter, known as plasmodesmata 
(Fig. 3a, b), traverse the cell walls and function as inter-
cellular channels, facilitating the transport of signalling 
molecules between living cells [70]. This regular structure 
was frequently disrupted in YS cells (Fig. 3b, c, d), with 
instances of complete disappearance of hemilayers of the 
tertiary and secondary cell walls (Fig. 3b).

Microbial structures were frequently observed attached 
to the cell wall in cork affected by YS  (Fig.  3c, d). Cell 
wall exhibited severe damage, characterized by the disap-
pearance of the tertiary wall and the disorganization and 
degradation of the secondary wall (Fig. 3c, d). Addition-
ally, there were instances where the middle lamella and 
the secondary wall showed a tendency towards physical 
separation, with the secondary wall beginning to exhibit 
signs of degradation (Fig. 3d).

Overview of bacterial and fungal populations on cork
SEM data revealed abundant microbial colonization in 
cork affected by the YS. This observation was corrobo-
rated by quantifying the viable fungal and bacterial iso-
lates in both SC- and YS-affected cork. The SC contained 
an average estimated value of 1.17 ×  105 filamentous 
fungi/g of cork, whereas the cork affected by the YS con-
tained a 4.39-fold increase, with populations of 5.13 ×  105 

Fig. 2 SEM visualization of the structure of standard cork and yellow stain. SEM photographs of tangential sections of standard cork (a, b) display 
the typical honeycomb arrangement of cork cells, with microorganisms colonizing the interior of cells in b. In contrast, cork affected by yellow stain 
(c, d, e, f) shows significant structural degradation. c Illustrates the loss of the typical cork structure, with cells wrinkling and collapsing at the right 
side of photograph. Yellow stain-affected cork exhibits intense microbial colonization, particularly with filamentous fungi (d, e, f). The dashed line 
in photograph d could indicate the progression of microbial colonization; to the left, the normal cork structure is completely lost, while to the right, 
cork cells begin to wrinkle and collapse
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filamentous fungi/g of cork. In terms of the bacterial 
population, SC contained an average estimated value 
of 7.58 ×  105 bacteria/g of cork, whereas the bacterial 
amount in YS was 4.16 times greater, reaching an aver-
age value of 3.15 ×  106 bacteria/g of cork (Supplementary 
Fig. 1).

The bacterial and fungal communities of cork were 
analyzed via the Illumina MiSeq paired-end sequenc-
ing platform, which uses the ITS and 16S rRNA bar-
codes, respectively. The ITS rRNA amplicon samples 
analyzed for the fungal community generated 4,996,684 
raw reads, with a mean of 499,668.4 ± 179,444 reads 
per sample. After filtering, 99% of them (average of 
494,962.6 ± 177,746) were retained. A total of 4147 fun-
gal ASVs were initially detected, of which 659 (15.89% of 
the total) were unidentified by matching in the UNITE 
database. After applying the quality filters, the dataset 
consisted of 1680 fungal ASVs taxonomically assigned 
to 5 different phyla, 23 classes, 78 orders, 178 families, 
and 270 genera (Supplementary Table 1). The dominant 
phyla in the fungal community were Ascomycota (repre-
senting 62.21% and 66.59% of the total ASVs in YS and 
SC, respectively) and Basidiomycota (27.38% and 32.73%, 
respectively). Notably, the phyla Mucoromycota (6.60% 
and 0.13% in YS and SC, respectively), Mortierellomy-
cota (3.67% and 0.48% in YS and SC, respectively), and 
Chytridiomycota (0.14% and 0.07%, respectively) pre-
sented greater abundances in YS than in SC (Fig.  4a), 

although the Wilcoxon test revealed no significant differ-
ences between these taxa for the two types of cork.

On the other hand, for the 16S rRNA amplicons 
(bacterial community), 8,114,466 raw sequences were 
generated for the 10 samples analyzed, with an aver-
age of 809,446 ± 28,440 reads per sample. After filter-
ing, 99.3% (805,801 ± 285,424 on average) of the reads 
were retained. The filtered 16S rRNA sequences were 
assigned to 35,394 bacterial ASVs. These sequences 
represented 76.39 ± 2.82% of the total sample com-
position, with the remaining being mitochondrial 
(4.59 ± 0.1%), chloroplast (0.35 ± 0.1%), and unclassified 
(18.67 ± 1.2%) sequences. After applying the quality fil-
ters, the bacterial dataset consisted of a total of 9715 
ASVs taxonomically assigned to 26 phyla, 56 classes, 
130 orders, 212 families, and 438 genera (Supplemen-
tary Table 2).

The dominant phyla in the bacterial community 
(Fig. 4d) were Proteobacteria (43.93% and 38.69% in YS 
and SC, respectively) and Actinobacteria (23.92% and 
23.29% in YS and SC, respectively). YS was enriched in 
several phyla, such as Bacteroidota (8.24%), Acidobacteri-
ota (7.07%), Verrucomicrobiota (3.44%), and Armatimon-
adota (0.73%), compared with SC, where their relative 
abundances were 2.7%, 2.8%, 1.3%, and 0.3%, respec-
tively. In addition, several orders were relatively more 
abundant in YS than in SC, such as Acetobacteriales 
(2.33%), Chitinophagales (3.00%), Micrococcales (2.01%), 

Fig. 3 Structure of cell walls observed by TEM in standard cork (a) and yellow stain (b, c, d). As shown in a, the cell wall comprises four successive 
layers: the middle lamella (ML), the primary wall (PW), which is a very thin layer adjacent to the ML (not evident), the highly suberized secondary 
wall (SW), and the tertiary wall (TW). Plasmodesmata traversing the cell wall are indicated by arrows in a and b. As it can be observed in b, some 
cells in YS exhibit a disorganized and discontinuous ML (ML*), with the removal of SW and TW; in c, there is TW removal, disorganization, and partial 
degradation of SW (indicated by an arrow). In d, separation between ML and SW, along with disorganization and partial degradation of SW, 
is observed (indicated by arrows) in YS cells. Microbial structures adjacent to the cell wall are visible in c and d 
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Pseudonocardiales (2.06%), and Solirubrobacterales 
(2.93%), whose levels in SC were 1.59%, 1.62%, 1.07%, 
1.59%, and 1.54%, respectively. In contrast, members of 
the order Propionibacteriales were more abundant in SC 
(2.30%) than in YS (1.00%) (Fig. 4f ). All these differences 
in bacterial abundance were statistically significant.

Analysis of the α‑ and β‑diversity of microbial communities
Different classical ecological indices (Chao1, Shannon, 
Gini-Simpson, and Pielou) were calculated to assess the 
α-diversity of the microbial communities in both the YS 
and SC samples. α-Diversity represents the variety and 
distribution of species within a community. The Chao1 
index estimates species richness, approximating the total 

number of unique species present. The Shannon index 
combines richness and evenness, reflecting the prob-
ability that two randomly selected individuals from the 
dataset belong to different species. Similarly, the Gini-
Simpson (1-D) index measures the probability that two 
individuals randomly chosen do not belong to the same 
species, while the Pielou index focuses specifically on the 
evenness of the species distribution. Overall, both the 
variety of species (diversity) and the even distribution of 
individuals among these ASVs (evenness) were found to 
be high in both the fungal (Fig. 5a) and bacterial (Fig. 5b) 
communities. Shannon index values above 3.5 indicate 
considerable microbial diversity, whereas the Gini-Simp-
son (1-D) and Pielou indices, with values very close to 1, 

Fig. 4 Composition of cork microbial populations. Mean relative abundance distribution at phylum (a, d), class (b, e), and order (c, f) of fungal (a, b, 
c) and bacterial communities (d, e, f) in standard cork (SC) and yellow stain (YS). “Other” includes all taxa with a relative abundance of less than 2.0%
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further confirmed high diversity and low single-species 
dominance, implying a very even species distribution 
[71–73]. Based on these data, the analyzed cork samples 
appeared to host diverse and well-balanced microbial 
communities, with no significant dominance by a few 
ASVs. In particular, significant differences in α-diversity 
were observed between the YS and SC samples for fungal 
communities, except for Pielou’s evenness index (Fig. 5a) 
(Supplementary Table  3). In contrast, only the Chao1 
index was significantly different when the α-diversity of 
the bacterial community was analyzed (Fig. 5b) (Supple-
mentary Table  4). Although the remaining indices did 

not significantly differ, the diversity and evenness metrics 
were consistently greater in the YS samples than in the 
SC samples.

A PCoA based on the Bray‒Curtis dissimilarity matrix 
was performed to explore the β-diversity of the microbial 
communities between the YS and SC samples (Fig. 5c, d). 
β-Diversity refers to differences in microbial community 
composition across sample groups. The Bray–Curtis dis-
similarity matrix quantifies these differences by compar-
ing the presence, abundance, and composition of ASVs 
among samples. The PCoA plot revealed no distinct 
clustering or separation between the YS and SC samples, 

Fig. 5 Analysis of the diversity of microbial populations in cork. α- and β-diversity of fungal (a, c) and bacterial (b, d) communities in standard 
cork and cork affected by yellow stain. Box plots of Chao1, Shannon, Simpson-Gini, and Pielou’s evenness indices are shown in a and b, 
where the asterisk indicates significant differences (p-value < 0.05) after performing a Wilcoxon test. PCoA analysis based on Bray‒Curtis distances 
in the fungal and bacterial communities is shown in c and d, respectively, with ellipses indicating the 95% confidence interval
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suggesting substantial overlap in microbial community 
composition. PERMANOVA was performed to assess 
these dissimilarities statistically. The test indicated no sig-
nificant differences in the fungal communities between 
the YS and SC samples (R2 = 0.11, p-value = 0.497). How-
ever, slightly significant dissimilarities were observed in 
the bacterial communities (R2 = 0.14, p-value = 0.03). 
These results suggest that while fungal communities 
are similar between YS and SC, bacterial communities 
exhibit some differences. Overall, the findings imply that 
both types of cork samples may share similar ecological 
niches or display comparable responses to environmental 
factors.

Differential abundances at the genus/species level 
when comparing standard cork and yellow stain
DESeq2 was used to identify differences in taxon abun-
dance between the YS and SC cork samples at the genus 
or species level. In the fungal community, 26 ASVs 
were found to have significantly different abundances 
(p-value < 0.01) between the YS and SC samples (Sup-
plementary Table  5). All of them presented an LFC > 0, 
indicating that their abundance increased in YS cork 
compared with SC cork and belonged to the phyla Asco-
mycota, Mucoromycota, and Mortierellomycota. Among 
these ASVs, there was a predominance of Penicillium 
(six ASVs), Umbelopsis (six ASVs), Mucor (three ASVs), 
and Mortierella elongata (two ASVs), and one ASV each 
belonging to the genera Absidia, Geomyces, Metapocho-
nia, Pseudogymnoascus, and Talaromyces, while one ASV 
was identified as Entomortierella lignicola, and three 
ASVs were unclassified isolates at the genus/species 
level. Among these, members of Mortierella [74], Mucor 
[75], Penicillium [76–78], and Umbelopsis [79] have been 
reported as lignin degraders in several studies.

In the bacterial community, 26 ASVs with significantly 
different abundances were detected between the YS and 
SC samples (Supplementary Table 6). A total of 14 bac-
terial ASVs presented an LFC > 0; therefore, their abun-
dance was greater in the YS than in the standard cork. 
All these ASVs, with the exception of one belonging to 
the phylum Planctomycetota, belong to Proteobacteria. 
Among them, there was a predominance of Burkholde-
riales (7 ASVs), which more specifically belong to the 
Burkholderia-Caballeronia-Paraburkholderia group, 
and Enterobacterales (5 ASVs). The Burkholderia-Cabal-
leronia-Paraburkholderia group is a complex group of 
closely related species, all of which were initially included 
in the genus Burkholderia. However, recent taxonomic 
studies have reclassified all these species into Burkholde-
ria, a genus that retains this name and consists mainly 
of animal and plant pathogens, and the genera Parabur-
kholderia and Caballeronia, which contain mainly the 

so-called environmental bacteria [80]. Members of these 
groups are well known for their high ability to metabo-
lize aromatic compounds, which are particularly abun-
dant in the guts of xylophagous insects and wood litter 
[81]. Enterobacterales is known to include some species 
involved in lignin degradation, such as Klebsiella sp. [81], 
Klebsiella aerogenes [82], Klebsiella pneumoniae [83], 
Enterobacter lignolyticus [84], Serratia sp., and Serratia 
liquefaciens [85]. Recently, it has been reported that win-
ter warming in Alaska accelerates lignin decomposition 
by Proteobacteria, with 95.1% of the total abundance of 
potential lignin decomposers belonging to the genus Bur-
kholderia [86].

Isolation and characterization of filamentous fungi 
from cork and their putative role in suberin/lignin 
biodegradation
A total of 386 fungal isolates were obtained from SC (137 
isolates) and YS (249 isolates) by using different micro-
biological agar media (RB, PDA, and MEA). After isola-
tion, they were replicated on PDA and classified into 51 
different isolates according to macroscopic (mycelium 
colour, sporulation, pigment, or exudate production) and 
microscopic (observation of mycelial and spore-forming 
structures) characteristics, which were later identified at 
the genus level by sequencing the ITS rRNA region (Sup-
plementary Table 7). Most of the isolates (41) were Asco-
mycota belonging to the genera Alternaria, Aspergillus, 
Chaetomium, Cladosporium, Coniella, Coniochaeta, 
Cryphonectria, Cytospora, Epicoccum, Fusarium, Neocu-
curbitaria, Paraconiothyrium, Penicillium, Pyrenophora, 
Talaromyces, Trichocladium, and Trichoderma. Muco-
romycota were represented by Absidia, Entomortierella, 
Linnemannia, Mortierella, Mucor, and Umbelopsis (nine 
isolates), whereas only one representative of Basidiomy-
cota was detected, belonging to the genus Coprinellus 
(Fig. 6). As shown in Fig. 6, the most represented genus 
was Penicillium, with a total of 10 isolates, followed by 
Trichoderma (6 isolates), Fusarium and Talaromyces 
(4 isolates each), and Umbelopsis (3 isolates). A total of 
10 isolates were detected in both the standard cork and 
YS samples, whereas 16 were solely isolated from stand-
ard cork, and 25 were isolated from the YS only (Fig. 6). 
Most of the fungal isolates presented some traits related 
to lignin degradation. Thus, 42 out of the 51 different 
isolates (82.35%) were able to grow in minimal medium 
containing Kraft lignin as the sole carbon source, indicat-
ing the ability to metabolize and/or degrade this lignin 
compound (Table 1). The ability of 60.78% of the fungal 
isolates (31 out of 51) to oxidize ABTS, a trait associ-
ated with the production of laccases, was clear. Fifteen of 
the 51 isolates (29.41%) were able to completely discolor 
the RB5 and RBBR dyes, an aspect directly related to the 
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ability to produce some type of peroxidase related to 
lignin degradation, such as LiP, MnP, or VP. In contrast, 
54.90% of the isolates (28 out of 51) were able to com-
pletely discolor one of the two dyes, or partially discolor 
both (Table 1).

CPO activity was also detected in 70.59% of the fungal 
isolates tested, as they were able to oxidize phenol in the 
presence of chloride and hydrogen peroxide, as tested in 
enzyme assays carried out with culture supernatants. 

Indeed, an in silico analysis of the UniProt database to 
detect the presence of CPO enzymes in fungi and bac-
teria revealed the existence of CPO enzymes in many 
bacterial and fungal taxa (Supplementary Table  8). A 
total of 8078 hits were identified as putative CPOs, of 
which 96.61% (7804 protein sequences) corresponded 
to heme-dependent CPOs. Within this protein group, 
only the fungal kingdom was represented, belonging to 

six different phyla. As expected, the most abundant phy-
lum was Ascomycota (66.73% of the detected protein 
sequences), followed by Basidiomycota (31.52%) and, to 
a lesser extent, Mucoromycota (1.22%), Chytridiomycota 
(29 sequences; 0.37%), Zoopagomycota (10 sequences; 
0.13%), and Cryptomycota (2 protein sequences; 0.03%). 
On the other hand, 274 hits corresponding to vanadium-
dependent CPOs were detected. Of these, 92 of the pro-
tein sequences (33.58%) belonged to the fungal kingdom, 
all within the phylum Ascomycota. The remaining pro-
teins belonged to Bacteria and were distributed across 
18 phyla, with Cyanobacteriota (56 protein sequences, 
30.77%), Actinomycetota (19.78%), and Pseudomonadota 
(15.93%) being the most representative. These findings 
confirmed the data described above by detecting CPO 
activity in the fungal strains isolated from our cork sam-
ples, confirming that CPO activity is widely distributed 

Fig. 6 Fungal isolates identified to genus level isolated from standard cork (SC) and yellow stain (YS)
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Table 1 Traits related to lignin biodegradation and chloroperoxidase (CPO) activity in fungal isolates of cork
Isolate ABTS a RB5 a,b RBBR a,b Growth on kraft lignin a CPO

Absidia sp. SC1  +  +  +  +  + 

Alternaria sp. SC2 -  +  ±  +  + 

Alternaria sp. SC3  +  ±  ±  +  + 

Aspergillus sp. SC-4 -  +  +  +  + 

Aspergillus sp. YS-5 -  +  ±  +  + 

Aspergillus sp. SC-6  +  ±  ±  +  + 

Aspergillus sp. YS-7  +  ±  ±  +  + 

Chaetomium sp. YS-8  +  +  ±  +  + 

Cladosporium sp. SC-9  +  +  ±  +  + 

Cladosporium sp. SC-10  +  +  +  +  + 

Coniella sp. SC-11  +  ±  ± -  + 

Coniochaeta sp. YS-12  +  ±  ± -  + 

Coprinellus sp. SC-13  +  ±  ±  +  + 

Cryphonectria sp. SC-14  +  ±  ± - -

Cytospora sp. YS-15  +  ±  ± -  + 

Entomortierella sp. YS-16 -  +  ±  +  + 

Epicoccum sp. YS-17 - - - - -

Fusarium sp. YS-18  +  +  +  +  + 

Fusarium sp. SC-19  +  +  +  +  + 

Linnemannia sp. YS-20  +  +  ± - -

Mortierella sp. YS-21 -  ±  ±  +  + 

Mucor sp. SC-22 - - -  + -

Mucor sp. SC-23  +  +  +  +  + 

Neocucurbitaria sp. YS-24  +  +  +  +  + 

Paraconiothyrium sp. SC-25  + - -  + -

Penicillium sp. YS-26  +  ± -  + -

Penicillium sp. SC-27 -  ±  ±  + -

Penicillium sp. YS-28 -  +  ±  + -

Penicillium sp. SC-29 - - -  + -

Penicillium sp. YS-30  +  ±  ±  + -

Penicillium sp. YS-31  +  ±  ± - -

Penicillium sp. YS-32  +  +  +  + -

Penicillium sp. SC-33  +  ±  ±  + -

Penicillium sp. SC-34  + -  +  + -

Penicillium sp. SC-35  +  ±  ±  + -

Pyrenophora sp. YS-36  +  ±  ±  +  + 

Sordariomycetes YS-37 - - -  +  + 

Talaromyces sp. YS-38  +  ±  ±  +  + 

Talaromyces sp. YS-39 - - -  +  + 

Talaromyces sp. SC-40  +  ±  ±  +  + 

Talaromyces sp. SC-41  +  ±  ±  +  + 

Trichocladium sp. YS-42  +  +  +  +  + 

Trichoderma sp. SC-43 -  ±  ±  +  + 

Trichoderma sp. YS-44  +  +  +  +  + 

Trichoderma sp. YS-45 -  ±  ±  +  + 

Trichoderma sp. SC-46  +  ±  ±  +  + 

Trichoderma sp. SC-47 -  +  +  +  + 

Trichoderma sp. SC-48  +  +  +  +  + 

Umbelopsis sp. YS-49  +  ±  ± -  + 

Umbelopsis sp. SC-50  +  +  +  +  + 

Umbelopsis sp. YS-51 -  +  + -  + 

a ABTS oxidation, discoloration of RB5 and RBBR, and growth on kraft lignin were observed at 14 days of growth
b For the assays with RBBR and RB5 dyes, a “ + ” sign indicates a total discolouration of the dye on the plate, while the “ + / − ” sign refers to the detection of partial dis‑
colouration around the fungal colony
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among fungal taxa. In fact, CPOs were detected in the 
UniProt database in all of the genera of fungi isolated 
from our cork samples which are listed in Fig. 6.

Extractable aromatic compounds present in cork
The compounds from five cork samples were extracted 
via a basic solution and concentrated prior to LC‒MS 
analysis via solid-phase extraction (SPE). More than 
14,500 features were detected in the chromatograms of 
the extracts. Their measured m/z values were compared 
with the theoretical m/z values of different phenolic 
compounds (Supplementary Table  9), and 130 coinci-
dences were found (Supplementary Table  10). Finally, 
11 compounds were identified via comparison of their 
MS/MS spectra, and/or with chemical standards, as 
shown in Table 2. All the compounds listed in Table 2 
were previously reported in the literature to be present 
in cork samples or to be produced by lignin degrada-
tion [7, 87–89].

The first compound (p-hydroxybenzoic acid) was a 
mixture of two isomers because two different MS/MS 
spectra (Supplementary Fig. 3) could be obtained along 
the peak from the same precursor m/z (137.02448). One 
of them, p-hydroxybenzoic acid was confirmed with the 
injection of the pure standard, resulting in the same 
retention time and MS/MS spectra. Some possibilities 
for the other isomer were studied among compounds 
previously reported in the literature, but salicylic acid 
did not have the same retention time, and the MSMS 
spectra of gentisate aldehyde and protocatechualde-
hyde (2,5/3,4-dihydroxybenzaldehyde) did not match. 
Some similarities with the MS/MS spectra of 2,5-dihy-
droxybenzaldehyde (Supplementary Fig. 3) were found, 
although they were not sufficient to confirm the anno-
tation. This mixture of isomers shows the most intense 

signal, followed by ferulic acid, p-coumaric acid, and 
esculetin (Table 2).

Isolation of vanillic acid‑catabolizing bacteria 
and the production of phenol from p‑hydroxybenzoic acid 
in a resting cell system
As mentioned above, two of the aromatic compounds 
detected in cork caught our attention, p-hydroxybenzoic 
acid and phenol, as they could be putative precursors for 
the production of CPs. It has been previously reported 
that p-hydroxybenzoic acid can be produced from lignin 
breakdown [7]. Indeed, depolymerization of lignin pro-
duces p-hydroxyphenyl units that are later converted to 
p-hydroxybenzoate [6]. It has been reported that some 
bacteria, such as Enterobacter cloacae P240 [90] and 
Bacillus subtilis ATCC 6051 [91], possess a p-hydroxy-
benzoate decarboxylase activity. The case of B. subtilis 
was particularly interesting since it was reported to be 
able to decarboxylate vanillate and p-hydroxybenzoate, 
under both anaerobic and aerobic conditions, to produce 
guaiacol and phenol, respectively. In fact, cultures of 
these bacteria supplemented with 5-mM p-hydroxyben-
zoate were capable of decarboxylating 95% of this com-
pound to phenol [91]. This study suggested that a single 
enzyme could decarboxylate vanillate and p-hydroxyben-
zoate. In a previous work, we isolated several bacterial 
strains from cork samples, including one B. subtilis strain 
and three strains of the genus Streptomyces, which were 
able to efficiently decarboxylate vanillate to guaiacol, as a 
result of a vanillate decarboxylase activity [39].

With this prior information, we decided to isolate dif-
ferent types of Bacteria (enterobacteria, spore-forming 
bacilli, and actinobacteria) from YS samples in a minimal 
medium with vanillate as the sole carbon source. A total 

Table 2 Phenolic compounds identified in extracts of cork samples affected by YS analyzed by UHPLC‒MS/MS (ESI −)

# The peak corresponding to p‑hydroxybenzoic acid was a mix of two isomers
a Mean of intensity of five samples. A boxplot graphic for each compound is shown in Supplementary Fig. 2
1,2 Superscript numbers indicate annotation level following rules described by Sumner et al.[106]

Compound Measured m/z RT (min) Molecular formula Name Intensitya PubChem CID

1 137.02448 6.26 C7H6O3 #p-Hydroxybenzoic  acid1 2,777,727 ± 331,481 135

2 177.01926 6.93 C9H6O4 Esculetin2 1,281,014 ± 186,217 5,281,416

3 179.03488 6.98 C9H8O4 Caffeic  acid1 169,245 ± 17,163 689,043

4 165.05585 7.41 C9H10O3 Homovanillin2 50,011 ± 5890 151,276

5 163.04011 7.68 C9H8O3 p-Coumaric  acid1 1,169,958 ± 183,394 637,542

6 93.03468 7.68 C6H6O Phenol1 46,629 ± 6793 996

7 151.04018 7.69 C8H8O3 Vanillin1 434,919 ± 47,457 1183

8 193.05035 7.97 C10H10O4 Ferulic  acid1 1,823,292 ± 179,736 445,858

9 147.0454 8.29 C7H6O3 p-Coumaraldehyde2 348,924 ± 6178 641,301

10 177.05563 8.52 C9H6O4 Coniferyl  aldehyde2 117,266 ± 6596 5,280,536
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of 17 bacterial isolates were identified for their ability to 
decarboxylate vanillate, including 4 isolates belonging to 
the genus Burkholderia-Caballeronia-Paraburkholderia, 
1 to the genus Novosphingobium, 2 to the genus Steno-
trophomonas, 7 isolates belonging to the genus Pseu-
domonas, 2 isolates to the genus Streptomyces, and 1 
isolate belonging to the genus Variovorax (Supplemen-
tary Table  11). To test whether these bacterial isolates 
were also capable of decarboxylating p-hydroxybenzoate, 
resting cell systems supplemented with this compound 
were used. Among all the isolates tested, only two strains 
(YS-B37 and YS-A2) belonging to the genus Streptomy-
ces were able to produce phenol from p-hydroxybenzoate 
(Fig. 7).

Phenol accumulation in the resting cell supernatant 
was observed in both strains after 8 h. In strain YS-A2, 
the concentration of p-hydroxybenzoate decreased from 
an initial 12 to 4.18 mM after 48 h of incubation, indicat-
ing a reduction of 65.17%. The maximum phenol concen-
tration was recorded at 24 h, reaching 77.56 µg/mL, and 
decreased slightly to 72.93 µg/mL by the end of the exper-
iment (Fig. 7). This indicates that 6.83% of the p-hydroxy-
benzoate is excreted as phenol in the supernatant of the 
resting cell. Conversely, strain YS-B37 exhibited greater 
biotransformation efficiency, with the initial p-hydroxy-
benzoate concentration being completely depleted after 
48 h of incubation, and the corresponding excreted phe-
nol level reaching 30.42% (Fig. 7).

Both strains were also able to grow in a minimal 
medium containing p-hydroxybenzoate as the sole car-
bon source. However, the growth rate of strain YS-B37 
was significantly higher than that of the other strains, 
indicating a superior capacity for p-hydroxybenzo-
ate assimilation. Consequently, this study reveals that 

bacteria capable of biotransforming p-hydroxybenzoate 
into phenol can be isolated from cork samples, particu-
larly from YS samples.

The formation of chlorophenols and chloroanisoles 
is mediated by chloroperoxidase activity
Following the successful demonstration of phenol pro-
duction from p-hydroxybenzoate, it was hypothesized 
that CPs, including 2,4,6-TCP, could be synthesized from 
phenol through a reaction catalyzed by a CPO enzyme. 
CPO enzymes facilitate hydrogen peroxide (H₂O₂)-
dependent halogenation reactions, primarily chlorina-
tion, and to a lesser extent, iodination and bromination, 
across a diverse range of substrates. It has been proposed 
that fungal CPOs can oxidize chloride ions to hypochlo-
rous acid [92]. Recent studies have reported that CPO 
from C. fumago can efficiently brominate phenol, yielding 
compounds such as 4-bromophenol (4-BP), 2,4-dibromo-
phenol (2,4-DBP), and 2,4,6-tribromophenol (2,4,6-TBP) 
[69]. Additionally, in silico analysis confirmed the pres-
ence of CPO proteins in a wide array of filamentous fungi 
and bacteria (Supplementary Table 8), encompassing all 
genera identified in the cork samples analyzed in this 
study. Notably, a significant proportion of fungal iso-
lates from the cork samples exhibited CPO activity, as 
evidenced by assays conducted on culture supernatants 
(Table 1).

Building on this knowledge, we aimed to investigate 
whether CPO from C. fumago could catalyze the chlorin-
ation of phenol and/or anisole to produce CPs and CAs, 
respectively (Fig. 8).

In vitro assays confirmed that CPO could chlorinate 
phenol to produce 2-CP, 4-CP, 2,4-DCP, and 2,4,6-TCP, 

Fig. 7 Bioconversion of p-hydroxybenzoate to phenol in resting cell systems of bacterial isolates Streptomyces sp. YS-B37 (left) and Streptomyces sp. 
YS-A2 (right). Data shown are the average of three independent experiments made by duplicate
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with yields of 40.7%, 11.4%, 4.9%, and 8.9%, respec-
tively. Chlorination of 2-CP resulted in the formation 
of 2,4-DCP (24.2% conversion rate), 2,6-DCP (31.8%), 
and 2,4,6-TCP (17.4%). Similarly, the chlorination of 
4-CP produced 2,4-DCP (7.5% conversion rate), 2,4,6-
TCP (18.4%), and 2,3,4,6-TeCP (20.2%). When 2,4-DCP 
was used as the substrate, 2,4,6-TCP and 2,3,4,6-TeCP 
were formed, with conversion rates of 13.5% and 26.0%, 
respectively. No chlorinated products were detected 
when 2,6-DCP was used as a substrate. CPO exhibited 
halogenation activity on anisole, primarily converting it 
to 2-chloroanisole (2-CA) (55.6% conversion rate) and 
4-chloroanisole (4-CA) (26.9%) (Fig.  8). These results 
indicate a preference for chlorination at the ortho posi-
tion over the para position. No halogenation activity was 
observed when 2-CA, 4-CA, 2,4-dichloroanisole (2,4-
DCA), and 2,6-dichloroanisole (2,6-DCA) were used 
as substrates. These findings clearly confirm that 2,4,6-
TCP can be produced in cork due to the prevalent CPO 
activity of cork-dwelling fungal and/or bacterial strains, 
preferably using phenol and other mono- and dichloro-
phenols as substrates.

Discussion
YS is an alteration of cork tissue, characterized by a yel-
lowish discoloration and a characteristic musty odor, 
attributed to elevated levels of 2,4,6-trichloroanisole 
(TCA) compared to the surrounding normal cork tissue. 
This defect frequently necessitates the disposal of affected 
cork planks, resulting in substantial economic losses for 
the cork stopper industry [1, 42]. Despite its impact, YS 
remains poorly understood, particularly concerning its 
high TCA content and microbiological characterization. 
YS is believed to result from an alteration of cork caused 
by Armillaria mellea (Vahl. Ex Fr.), a saprophytic basidi-
omycete that thrives on soil and lignocellulosic materials 
[93]. However, there is a lack of scientific or experimen-
tal evidence in the literature to support this claim. It 
has also been suggested that YS arises from a microbial 
attack capable of altering the cork structure. Some SEM 
studies have confirmed that cork affected by YS exhib-
its deformed, wrinkled cells with cell wall separation at 
the middle lamella level [14]. Both SEM and TEM analy-
ses were conducted to verify this finding. SEM revealed 
that cork affected by YS exhibited a highly altered cel-
lular structure, making it challenging to identify areas 

Fig. 8 Chloroperoxidase mediated chlorination of phenol and different chlorophenols in the presence of chloride and  H2O2. Data shown are 
the average of three independent experiments made by duplicate
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with the typical regular arrangement of polygonal cells 
observed in SC samples. Another notable observation 
was the extensive microbial colonization in YS, particu-
larly by filamentous fungi, which are rarely seen in SC. 
TEM studies corroborated these findings, showing pro-
found alterations in the cell wall structure, often result-
ing in a disorganized and discontinuous middle lamella, 
with partial or complete removal of the secondary and/or 
tertiary wall. These data unequivocally demonstrate that 
YS is associated with substantial structural alterations in 
cork, likely attributable to extensive microbial coloniza-
tion and the resultant biodegradation activity.

SEM analyses revealed profuse microbial coloniza-
tion in cork samples affected by YS, a finding corrobo-
rated by classical microbial isolation data. Specifically, 
YS exhibited, on average, 4.39 and 4.16 times greater 
fungal and bacterial populations, respectively (Supple-
mentary Fig.  1). These microbial populations were fur-
ther analyzed through metataxonomic analysis, enabling 
a comparative assessment. The fungal community was 
dominated by Ascomycota and Basidiomycota, whereas 
at the class level, the most abundant taxa were Leotio-
mycetes, Agaricomycetes, Dothideomycetes, Eurotiomy-
cetes, and Sordariomycetes. A similar composition at the 
phylum and class levels has been reported for grapevine 
wood [94], although in this case the relative abundances 
of the dominant taxa at the class level were Dothideomy-
cetes (46.2%), Sordariomycetes (21.8%), Eurotiomycetes 
(13.0%), Agaricomycetes (8.1%), Leotiomycetes (4.6%), 
and Lecanoromycetes (2.0%). An enrichment in YS (sig-
nificant differential abundance) was detected for 26 fun-
gal ASVs belonging to Penicillium (6 ASVs), Umbelopsis 
(6 ASVs), Mucor (3 ASVs), and Mortierella (2 ASVs), 
which were the most significant. Interestingly, some of 
these taxa that were more abundant in the YS could be 
involved in lignin degradation. The cork contains an aver-
age of 22.0% lignin [4] or at least an equivalent polyar-
omatic fraction [9]. Therefore, it is not unreasonable to 
assume that microorganisms with the ability to degrade 
lignin could be involved in the degradation of the aro-
matic component of cork. Penicillium sp. and Umbelopsis 
isolates were the most represented among these signifi-
cantly differentially abundant ASVs detected in the YS. 
Interestingly, some Penicillium isolates are lignin degrad-
ers [81], such as Penicillium chrysogenum [76, 95], Peni-
cillium simplicissimum [78], and Penicillium decumbens 
[77]. Umbelopsis isabellina (ASV521 being more abun-
dant in YS) has been reported to cause decay in Quercus 
mongolica, and this decay has been linked to the pro-
duction of laccases involved in lignin degradation [79]. 
Recently, a strain of the genus Mucor was isolated from 
long-decayed wood and identified as a lignin degrader 
based on its high laccase activity [75]. Isolates belonging 

the genus Mortierella were found in all four differ-
ent lignin-degrading microbial consortia isolated from 
wooden antiques, suggesting that this fungus could be 
involved in the degradation of lignin or lignin-like struc-
tures [74]. These data suggest that YS harbors relatively 
high populations of fungi capable of degrading lignin and 
presumably the aromatic fraction of suberin, potentially 
contributing to the extensive degradation of the cork 
structure observed in YS. The saprophytic fungal micro-
biota of cork appears to be rich in filamentous fungi with 
the capacity to metabolize and/or degrade lignin. This 
was confirmed by the isolation of fungi from cork, 82.35% 
of which were able to grow in minimal medium contain-
ing Kraft lignin as the sole carbon source. Furthermore, 
many of these isolates possess enzymes involved in lignin 
degradation, such as laccases (60.78% exhibited this 
activity) and peroxidases, as evidenced by their ability to 
decolorize the RB5 and RBBR dyes.

Regarding the bacterial community in cork, the domi-
nant phyla were Proteobacteria and Actinobacteria. Sev-
eral ASVs exhibited significantly different abundances 
when comparing SC and YS, with 14 bacterial ASVs 
being significantly more abundant in YS than in SC. Most 
of these ASVs belong to bacterial groups such as the Bur-
kholderia‒Caballeronia‒Paraburkholderia group (seven 
ASVs) and Enterobacterales (five ASVs), which include 
different isolates or species identified as lignin degrad-
ers [81]. Members of the Burkholderia-Caballeronia-
Paraburkholderia group stand out for having a variety 
of aromatic catabolic pathways involved in the further 
degradation of the aromatic compounds generated from 
lignin breakdown [96, 97]. It has also recently been 
reported that winter warming in Alaska accelerates the 
decomposition of lignin present in permafrost, and that 
isolates from the genus Burkholderia account for 95.1% 
of the total abundance of potential lignin decompos-
ers [86]. Whether these bacteria are involved in lignin/
suberin degradation, or simply metabolize aromatic com-
pounds produced by other lignin/suberin decomposers 
(such as filamentous fungi), remains to be clarified.

YS has a different percentage of phenolic compounds 
than SC does [98] and contains higher amounts of 2,4,6-
TCA [1, 42]. This fact is intriguing, as it could suggest 
that 2,4,6-TCA could be synthesized de novo in YS via 
several previously unknown processes. The analysis of 
extractable aromatic compounds from cork allowed 
us to detect two compounds that caught our attention: 
p-hydroxybenzoate and phenol. The detection of phenol 
was very interesting because it could be the starting point 
for the synthesis of 2,4,6-TCP, the direct precursor for 
the synthesis of 2,4,6-TCA by O-methylation. While the 
origin of the p-hydroxybenzoate detected in cork can be 
easily explained by the p-hydroxyphenyl units obtained 
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from the breakdown of the lignin present in cork, which 
are further converted into p-hydroxybenzoate [6] (see 
Fig. 9 for a summary of the described process by which 
2,4,6-TCA would be formed de novo in cork, more abun-
dantly in YS), the origin of the phenol detected in cork 
was not as obvious.

However, a review of the previous literature revealed 
that some bacteria are able to catalyze the non-oxida-
tive decarboxylation of p-hydroxybenzoate to produce 
phenol, and this activity was previously reported in E. 
cloacae P240 [90] and B. subtilis ATCC 6051 [91]. Inter-
estingly, the enzyme of this latter strain was also able to 
efficiently decarboxylate vanillate [91]. The isolation from 
the YS of two strains of the genus Streptomyces capable of 
converting p-hydroxybenzoate to phenol (Fig. 9) allowed 

us to elucidate a possible mechanism for the formation of 
the latter compound. The different conversion rates of the 
YS-B37 and YS-A2 strains suggest that both strains may 
use alternative metabolic pathways, possibly including 
the protocatechuate and catechol pathways, leading to 
the TCA cycle via the β-ketoadipate or protocatechuate 
meta-cleavage pathway [99, 100], although the observed 
differences could be simply a consequence of their differ-
ent abilities to metabolize p-hydroxybenzoate.

However, the direct precursor of 2,4,6-TCA is the 
pesticide 2,4,6-TCP, and the mechanism of its forma-
tion in YS remains to be elucidated. Chloroperoxi-
dases (CPOs), a type of haloperoxidases, are involved 
in the chlorination of organic materials [92, 101] and 
lignin [102]. These enzymes are found in numerous 

Fig. 9 Explanatory diagram of the processes involved in the formation of chlorophenols and chloroanisoles in cork. a, b Microbial degradation 
of suberin and/or lignin present in the suberized secondary wall (SW) results in the formation of p-hydroxybenzoate. c This compound can be 
transformed into phenol by some bacterial strains, such as the two Streptomyces sp. strains described in this study. d Once formed, phenol can 
be chlorinated by fungal (or bacterial) chloroperoxidases to produce different chlorophenols, including 2,4,6-TCP. e Finally, the toxic 2,4,6-TCP 
is efficiently detoxified into 2,4,6-TCA by fungal chlorophenol O-methyltransferases
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filamentous fungi and bacteria that are highly abundant 
in natural environments (Supplementary Table 8), such 
as soils [92]. A significant proportion of the filamentous 
fungi isolated from cork (70.59%) exhibited CPO activ-
ity (Table 1).

Although the biological role of CPOs remains uncer-
tain, Barnett and colleagues [103] demonstrated that 
CPO is efficiently secreted at the tips of growing hyphae 
of the fungus Curvularia inaequalis. It has been sug-
gested that its putative role could involve the genera-
tion of highly oxidative radicals and compounds such 
as HOCl,  Cl−, 1O2, and OH*, which are capable of dis-
rupting and oxidizing a variety of structures, such as the 
protective lignocellulose of plant tissues. This activity 
facilitates the penetration of fungal hyphae through plant 
material, contributing to degradation, as observed in YS. 
Commercial CPO from C. fumago was able to chlorin-
ate phenol and monochlorophenols such as 2-CP and 
4-CP to produce several CPs, including 2,4,6-TCP, the 
direct precursor of 2,4,6-TCA (Fig.  9). The bioconver-
sion of 2,4,6-TCP by O-methylation could be carried out 
by many of the fungi inhabiting cork (reviewed by Zhou 
et  al., 2024) [104], resulting in the final production of 
2,4,6-TCA, which contaminates cork.

However, given the high complexity of the microbial 
populations inhabiting cork, other combinations are pos-
sible. We cannot rule out the possibility that once pro-
duced, phenol could alternatively undergo O-methylation 
to generate anisole, although at least the chorophenol 
O-methyltransferase (CPOMT) from Trichoderma lon-
gibrachiatum was not able to O-methylate phenol [23]. 
However, it cannot be excluded that some CPOMTs from 
other microorganisms may be able to carry out this reac-
tion. Once anisole is formed, it can be chlorinated to 
produce 2,4,6-TCA in a chemical (not biological) reac-
tion in the presence of chlorinated reagents, a process 
that could explain the formation of 2,4,6-TCA in drinking 
water [104, 105]. Alternatively, we could hypothesize that 
2,4,6-TCA could be formed by CPO-mediated halogena-
tion of anisole, although the CPO of C. fumago seems to 
have a reduced appetite for anisole as a substrate, and we 
did not observe chlorination of 2-CA and 4-CA when 
they were used as substrates. The purification of CPOs 
from fungal strains isolated from cork, combined with a 
detailed analysis of their substrate spectrum, could pro-
vide further insights into this issue. It is important to 
consider that these CPOs may exhibit varying affinities 
for other phenolic compounds when acting as substrates 
in their enzymatic activity.

Finally, we cannot ignore the implications of these find-
ings for the chlorine cycle in the biosphere. Soils and 
decaying plant litter contain significant amounts of chlo-
rinated aromatic polymers, and it has been previously 

reported that CPOs are involved in the formation of 
chlorolignin compounds [102]. Our work supports this 
finding and suggests that CPOs are involved in the for-
mation of CPs such that the presence of these pesticides 
in the environment is not only a consequence of human 
activity, as previously thought. This could also explain the 
presence of contamination by CPs in unpolluted environ-
mental samples. Indeed, CPO-mediated chlorination of 
organic materials, such as cork or decaying wood, could 
be an important chlorine sink in nature. A similar process 
could explain the unpleasant moldy odor often detected 
in wooden buildings (particularly those abundant in 
northern European countries), which is attributed to the 
formation of 2,4,6-TCA from 2,4,6-TCP, which is used as 
a wood preservative [35], although this compound has 
long been banned in Europe. Instead, it is possible that 
slow but constant microbial degradation of wood lignin 
could produce 2,4,6-TCP via the mechanism described in 
this work in wooden buildings.

Conclusions
Cork affected by YS exhibits extensive structural altera-
tions, accompanied by a microbial colonization rate at 
least four times greater than that observed in SC. The 
fungal population within the cork is notably character-
ized by a high proportion of potential lignin-degrading 
isolates, with up to 82.35% of these isolates capable of 
growing in a medium where lignin is the sole carbon 
source. Many of these fungi exhibit laccase or peroxidase 
activities, which are likely responsible for the degradation 
of lignin or the aromatic fraction of suberin. Metataxo-
nomic analyses have revealed a significant enrichment 
of potential lignin-degrading filamentous fungi in YS, 
including genera such as Mortierella, Mucor, Penicillium, 
and Umbelopsis. Additionally, bacteria from the orders 
Enterobacterales and Burkholderia-Paraburkholderia-
Caballeronia are prevalent, with the latter group particu-
larly noted for containing species capable of degrading 
lignin and various aromatic compounds. Cork contains 
numerous extractable compounds, including p-hydroxy-
benzoate, which is produced through the microbial deg-
radation of lignin or the aromatic fraction of suberin. This 
compound serves as a precursor to phenol in a reaction 
catalyzed by a p-hydroxybenzoate decarboxylase. This 
bioconversion has been detected in two bacterial isolates 
of the Streptomyces genus. Once produced, phenol can be 
chlorinated by chloroperoxidases to yield various chloro-
phenols, including 2,4,6-TCP, the direct precursor for the 
biosynthesis of 2,4,6-TCA via O-methylation, a reaction 
common among many fungi-inhabiting cork.

This study demonstrates that de novo synthesis of chloro-
phenolic pesticides, including 2,4,6-TCP, is possible in the 
environment from compounds formed during the microbial 
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biodegradation of lignin and/or suberin. This finding also 
provides an explanation for the higher levels of 2,4,6-TCA 
detected in YS. These insights challenge the prevailing para-
digm that environmental contamination by chlorophenolic 
compounds is solely due to anthropogenic causes.
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